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ABSTRACT Membrane fluidity plays an important role in cell function and may, in many instances, be adjusted to facilitate
specific cellular processes. To understand better the effect that lipid chemistry has on membrane fluidity the inclusion of three
different lipids into egg phosphatidylcholine (eggPC) bilayers has been examined; the three lipids are egg phosphatidyleth-
anolamine ((eggPE) made by transphosphatidylation of eggPC in the presence of ethanolamine), lyso-phosphatidylcholine
(LPC), and lyso-phosphatidylethanolamine (LPE). The fluidity of the membranes was determined using fluorescence recovery
after photobleaching and the intermolecular interactions were examined using attenuated total reflection Fourier transform in-
frared spectroscopy. It was observed that both headgroup and tail chemistry can significantly modulate lipid diffusion. Speci-
fically, the inclusion of LPC and eggPE significantly altered the lipid diffusion, increased and decreased, respectively, whereas
the inclusion of LPE had an intermediate effect, a slight decrease in diffusion. Strong evidence for the formation of hydrogen-
bonds between the phosphate group and the amine group in eggPE and LPE was observed with infrared spectroscopy. The
biological implications of these results are discussed.

INTRODUCTION

Lipid fluidity is a distinctive feature of cell membranes. The

presence of lipids undergoing long-range diffusion is a good

test of membrane integrity and is believed to play a crucial

role in many cellular processes including the facilitation of

cell signaling (1), cell adhesion (2–4), and enzyme binding/

activity (5). Lipid fluidity also plays an important part in the

resistance of microorganisms (6) and plants (7,8) to environ-

mental stresses, e.g., freezing and dehydration. Plants, for

instance, will alter their membrane composition as a means

of optimizing membrane fluidity (7,8). The extent to which

different lipids modulate fluidity is therefore of considerable

interest.

The diffusion of lipids in model membranes and cells has

been measured numerous times (9–18). The local environ-

ment can be probed with fluorescence techniques, such as

single fluorescent molecule video imaging (SFVI) and single

particle tracking (SPT). The long-range diffusion can be

probed with fluorescence correlation spectroscopy (FCS),

fluorescence recovery after photobleaching (FRAP), and

nuclear magnetic resonance (NMR). Despite considerable

use of these techniques, there are few systematic studies exa-

mining the effect of lipid chemistry on membrane fluidity.

Systematic fluidity studies are necessary because single mea-

surements from different articles can rarely be compared; for

instance, lipids in monolayers diffuse faster than those in

bilayers (19) and lipids in bilayers on solid supports diffuse

differently depending on the nature of the support (K. Seu

and J. Hovis, unpublished data). To our knowledge, the effect

of only cholesterol and sphingomyelin (SM) on long-range

diffusion has been studied in a rigorously systematic manner,

both of which change the lipid diffusion in phosphatidyl-

choline (PC) bilayers (12,14,21–28).

In this article the effect that three different lipids, phospha-

tidylethanolamine (PE), lyso-phosphatidylethanolamine (LPE),

and lyso-phosphatidylcholine (LPC), have on diffusion in

PC bilayers will be examined (lyso refers to a single-tailed

lipid). Structures of these lipids are shown in Fig. 1. These

lipids are biologically interesting as PC and PE are the two

most commonly occurring zwitterionic lipids in mammalian

cells whereas lyso lipids can be created in the membrane by

phospholipase A2 (PLA2) and may therefore be important in

the cellular modulation of lipid fluidity. The lipids are also

interesting from a fundamental perspective as they afford the

opportunity to examine the influence of both headgroup and

tail chemistry on lipid diffusion. Fluorescence recovery after

photobleaching will be used to determine the diffusion coef-

ficients. The experimental setup was constructed to ensure

that the measurements stay within the constraints of theory,

as will be discussed. Determining the factors that influence

lipid diffusion is difficult due to the lack of both good models

and complimentary experimental data. To confirm/validate

theoretical models, experimental measurements are needed;

this article will add significantly to the available diffusion

measurements. To further assist in both interpreting the dif-

fusion data and developing models, we examined the lipids

with attenuated total reflection Fourier transform infrared

spectroscopy (ATR-FTIR), which gives information about

specific intermolecular interactions. It will be shown that

both headgroup and tail chemistry have a significant effect

on lipid diffusion and that the changes observed can be attri-

buted to alterations in membrane height, van der Waals inter-

actions, and hydrogen-bonding.Submitted March 7, 2006, and accepted for publication August 16, 2006.
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MATERIALS AND METHODS

Materials

Chloroform solutions of L-a-phosphatidylcholine from egg (eggPC), L-a-

phosphatidylethanolamine made by transphosphatidylation of egg lectin in

the presence of ethanolamine (eggPE), 1-palmitoyl-2-hydroxy-sn-glycero-3-

phosphocholine (LPC), L-a-lysophosphatidylethanolamine from egg (LPE),

and 1-oleoyl-2-[6-[(7-nitro-2-1,3-benzoxadiazol-4-yl)amino]hexanoyl]-sn-
glycero-3-phosphocholine (NBD-PC) were purchased from Avanti Polar

Lipids (Birmingham, AL) and were used without further purification. The

(N-[2-hydroxyethyl]piperazine-N9-[2-ethanesulfonic acid]) (HEPES) and

ethylenediaminetetraacetic acid (EDTA)were purchased fromSigmaChemi-

cal (St. Louis, MO). Spectrophotometric grade cholorform was purchased

from Mallinkrodt (St. Louis, MO). ICN 7X detergent was purchased form

ICN (Costa Mesa, CA). Glass slides, 223 30 No. 1.5, were purchased from

Fisher Scientific (Hanover Park, IL). Double-side polished silicon (001)

wafers (.10V-cm resistivity, ;525 mm thick) for making ATR elements

were purchased from Silicon (Boise, ID). The buffer used in the

experiments, 100 mM NaCl, 50 mM HEPES, 0.1 mM EDTA, was adjusted

to pH 7.4 using 1 M NaOH.

Vesicle preparation

Mixtures of different lipids at appropriate molar ratios in chloroform were

dried under nitrogen and held under vacuum for 1 h; the dried lipids were

resuspended in 18MV-cmwater. Large unilamellar vesicles (LUVs)were pre-

pared by extruding the lipid suspension through polycarbonate membranes,

with 50 nm pores, a minimum of 21 times. The resulting LUVs were then

centrifuged for 5min at 14,000 rpm (EppendorfMinispinPlus,Westbury,NY).

Supported lipid bilayers

Supported lipid bilayers were formed by vesicle fusion on glass sur-

faces.(29,30) Briefly, 60 mL of a 1:1 vesicle/buffer solution was injected into

a CoverWell perfusion chamber gasket (Molecular Probes, Eugene, OR)

adhered to a glass coverslip (Fisher Scientific). The perfusion chamber gasket

creates a sealed chamber to contain the vesicle solution, on the highly

hydrophilic glass coverslip, during the fusion process. The coverslips were

prepared bywashing in dilute ICN 7Xdetergent (VMR International, Chicago,

IL), rinsing exhaustively in distilled water, drying with nitrogen and baking at

450�C for 4 h. Excess vesicleswere removedby submerging the coverslip in 18

MV-cmwater, removing the gasket, and shaking gently for;15 s; this yielded

uniform fluid membrane-covered surfaces. Samples were sandwiched using a

coverslip, placed on a homebuilt Delrin sample holder, and kept fully hydrated,

using 18 MV-cm water, during analysis.

Fluorescence recovery after
photobleaching (FRAP)

Supported lipid bilayers were formed by vesicle fusion on appropriately

treated glass slides. A Nikon TE2000-U fluorescence microscope equipped

with a 403/1.30 N.A. oil immersion objective, an NBD filter set (Chroma

Technology, Brattleboro, VT), and a silicon avalanche photodiode (APD)

Single Photon CountingModule (SPCM-AQR-16-FC, PerkinElmer, Vaudreuil,

Quebec) was used to focus, collect, and count the emitted fluorescence. A 25

mW Argon ion laser (488 nm Melles Griot, Carlsbad, CA) was used to both

bleach and monitor the lipid bilayer. The bleach spot radius was 10.6mm and

the quality of the spot was checked by acquiring images of dilute calcein with

a Cascade 650 CCD camera (Photometrics, Roper Scientific, Tucson, AZ).

The bilayers were bleached to background levels in 1 s: this is;0.3% of the

total recovery time. To reduce further bleaching of the fluorophore during the

recovery period the laser intensity was reduced 100,000-fold using a 53
(focal transmission of 1 3 105) neutral density filter (NE50B, Thorlabs,

Newton, NJ). Before bleaching, the samplewasmonitored aminimumof 40 s

to determine the initial fluorescence intensity; at this reduced laser power the

sample can be monitored without a drop in bilayer intensity. An automated

neutral density filter (74041,Oriel Instruments, Stratford, CT) is used tomove

the filter in and out of the beam path. A LabVIEW program was used to

acquire the counts from the APD, control the filter wheel, and trigger the

shutter (Uniblitz, Rochester, NY). The fitting of FRAP data to obtain a

diffusion coefficient has been discussed in detail elsewhere (31,32). Diffusion

coefficients (D) were determined by fitting the fluorescence recovery curve to

the solution of the differential equation for lateral transport of a molecule

undergoing Brownian motion (31), using the method of Soumpasis (32). All

experiments were conducted at 22�C and the percent fluorescent recovery

measured for all experiments was$95% (In examining hundreds of recovery

curves we observed that recoveries,95% resulted in poor fits to the data; the

amount of recovery is therefore a useful criterion for the quality of the data.).

Attenuated total reflection-Fourier transform
infrared spectroscopy (ATR-FTIR)

A Nicolet 470 FTIR equipped with a mercury cadmium telluride type A

(MCTA*) detector was used to collect the spectra. A homebuilt ATR setup

was used, as described in detail elsewhere (33). In brief, IR light is sent out

of the spectrometer and coupled into an ATR element, created in-house,

(15 mm 3 9 mm 3 525 mm silicon wafer) at 45�. Before introducing the

lipids, a background of the silicon ATR element and the buffer was col-

lected. To form supported lipid bilayers, LUVs were injected into one side of

the custom-made Delrin flow-cell (10 mL) and allowed to incubate for 30

min. Once the bilayer had formed, buffer was flushed through the flow-cell

to rinse away excess vesicles and the sample spectrum was obtained and

ratioed against the background spectra. For both the background and sample

spectra, 1600 scans were signal averaged at a resolution of 4 cm�1 using

Happ-Genzel apodization and zero filling.

RESULTS

Determining diffusion coefficients by
fluorescence recovery after photobleaching

In fluorescence recovery after photobleaching, fluorophores

in a defined region are bleached and the movement of either

FIGURE 1 Chemical structures of the investigated lipids: L-a-phos-

phatidylcholine (eggPC), L-a-phosphatidylethanolamine (eggPE), lyso-phos-

phatidylcholine (LPC), and lyso-phosphatidylethanolamine (LPE). Note that

eggPC is extracted from chicken eggs and eggPE is made by the transphos-

phatidylation of eggPC in the presence of ethanolamine; therefore both lipids

haveadistributionof fatty acidchains, themost commonofwhicharedrawnhere.
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the bleached fluorophores out of the spot or the movement of

the unbleached fluorophores into the spot is monitored. The

use of FRAP to determine the diffusion coefficient of lipids

in membranes was pioneered by Axelrod et al. (31) who

showed that by monitoring the diffusion of fluorescent lipids

into the bleach spot, while knowing the beam waist and

bleach laser intensity, the diffusion coefficient of the labeled

lipids could be obtained. By recasting the problem, Soumpasis

(32) was able to remove the need to know the bleach laser

intensity; the treatments developed therein have become the

standard methods for determining lipid diffusion. Soumpasis

describes two ways in which diffusion coefficients can be

obtained from the intensity of the fluorescence, within the

bleach spot, with respect to time. The first, less accurate,

method involves using a least squares fit of a single expo-

nential to the aforementioned fluorescence recovery data to

determine the time to half fluorescence intensity recovery (t1/2),
and then calculating the diffusion coefficient with the fol-

lowing:

D ¼ 0:224
w2

t1=2
; (1)

wherew is the radius of the circular bleach beam. The second,

more accurate and rigorous, method involves fitting the fluo-

rescence recovery data to:

f ðtÞ ¼ e
ð�2tD=tÞ½Ioð2tD=tÞ1 I1ð2tD=tÞ�; (2)

where tD is the characteristic diffusion time and I0 and I1 are
modified Bessel functions. The diffusion coefficient can then

be determined from tD using:

D ¼ w
2

4tD
: (3)

In both methods it is assumed that the recovery is complete.

A significant challenge in acquiring FRAP data is elim-

inating unwanted photobleaching while monitoring the fluo-

rescence recovery. To avoid this problem the laser used for

monitoring the recovery is attenuated to 250 nW (this is a

100,000-fold decrease in intensity from that used to bleach

the sample, 25 mW). At this laser power the sample can be

monitored indefinitely with no observable change in fluo-

rescence intensity. Fig. 2 shows a typical FRAP recovery

curve for an eggPC supported lipid bilayer containing

0.5 mol % NBD-PC along with two fits to the data—a least

squares fit of a single exponential (the less accurate method)

and a least squares fit to Eq. 2. For this data set the diffusion

coefficient determined using the exponential fit is 1.8 mm2/s,

and using Eq. 2 is 2.4 mm2/s. Before the bleach (t ¼ 0) data

points are collected to obtain the initial fluorescence intensity

of the bilayer; these values are then averaged and used to

normalize the data. It is clear that the fit to the exponential is

poor, showing a deviation from the data at both the curved

and the tail regions of the recovery, whereas the fit to Eq. 2 is

excellent. The quality of the fit to both equations can further

be seen in the residuals, which are plotted at the top of Fig. 2.

From our experience, the exponential fit almost always

returns lower diffusion coefficients than those obtained by

using Eq. 2. As the exponential fit is commonly used to

determine diffusion coefficients, we have examined the two

fits in more detail. In general, the diffusion coefficient values

returned by the exponential fit vary significantly depending

on the sampling rate and the amount of time the recovery is

monitored, in contrast the values returned using Eq. 2 are

largely insensitive to these variables.

To examine the effect that different lipids have on dif-

fusion, it is necessary to first determine how many times a

particular composition needs to be interrogated; i.e., what is

the error in a given measurement? In considering supported

lipid bilayers, three possibilities for repeated interrogation

are apparent: 1) the same spot is bleached multiple times; 2)

vesicle preparations on different days are bleached; and 3)

different spots on the same slide are examined. Table 1 shows

the results from bleaching the same spot, on an eggPC

bilayer with 0.5 mol % NBD-PC, multiple times. Within a

given spot the error varies from ;5–15%.

The large error in diffusion, within a single spot, was ini-

tially surprising. Some of this variation is certainly due to the

inherent noise level in the measurement, whereas some may

be due to drift in the microscope stage. Increasing the probe

concentration or using a more sensitive detector would help

to reduce the variation; the downside of increasing the probe

concentration is that it increases the perturbations to the sys-

tem of interest, resulting in data that is not as representative

FIGURE 2 Typical FRAP recovery curve for an eggPC supported lipid

bilayer containing 0.5 mol % NBD-PC along with a least squares fit of a

single exponential and a least squares fit to Eq. 2. Photons are counted for 1 s

every other second. Residuals for both fit functions are displayed at the top.

The exponential fit shows a deviation from the data at both the curved and

the tail regions of the recovery, whereas the residuals from the fit to Eq. 2

show no deviations.
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of the lipids being investigated. In Table 1 the variation from

one preparation to the next can also be seen, again a signi-

ficant change is observed; this variation is probably due to

slight compositional changes and alterations in the surface

chemistry of the solid support. The slides used in this study

were baked and used within 24 h. In our experience baked

slides are ‘‘good’’ for only a few days after baking; it is dif-

ficult to consistently form uniform fluid bilayers on baked

slides that are more than a few days old, indicating that some

change occurs to the surface chemistry and/or the morphol-

ogy with time. As both the composition and support should

be more uniform across a single sample, than from one sam-

ple to another, it was decided that pursuing the third possi-

bility, examining different spots on the same sample, would

not lend any additional insight and might result in the misre-

presentation of the true compositional variance of the

measurement, so this approach was not applied.

To compute the diffusion coefficient for a given compo-

sition the following was done: 1) In a single spot, for a given

sample, a series of four consecutive FRAP experiments were

conducted (data were rejected if reduced x2 values from the

fitted function were .1). 2) The values from the single spot

were averaged together and an error for the measurement

was determined by calculating the standard deviation of the

mean. 3) Data from different preparations were then com-

bined to obtain diffusion coefficients via a weighted average.

As can be seen in Table 1, there is quite a bit of variation both

within a spot and from sample to sample; consequently if the

variation due to changes in composition is small it may not

be observable unlessmultiplemeasurements aremade. There-

fore, a single diffusion data point reported in this article con-

tains anywhere from 7 to 16 individual FRAP measurements.

Effect of composition on measured
diffusion coefficient

In Fig. 3 the normalized diffusion coefficients are shown for

varying concentrations of LPC, LPE, and eggPE lipids in

eggPC. Diffusion coefficients are normalized using the dif-

fusion coefficient obtained for 100 mol % eggPC bilayers;

this was done to make it easier to see the extent to which the

various lipids affect the diffusion coefficient. The eggPE was

made by transphosphatidylation of eggPC in the presence of

ethanolamine; as a result the tail composition of eggPE is the

same as that of eggPC. Vesicles were made by extrusion

(labeled with 0.5 mol % NBD-PC) and fused to treated glass

supports, as detailed in the Materials and Methods section, to

form planar supported lipid bilayers.

The open squares in Fig. 3 show the incorporation of 0, 10,

20, and 30 mol % LPC into eggPC bilayers. It was not pos-

sible to form vesicles containing 40 mol % or greater of LPC

(34). There is a large linear increase in the diffusion coef-

ficient as LPC is incorporated into eggPC bilayers. The dif-

fusion increases by ;97% with the incorporation of 30 mol

% LPC; by fitting the data it can be determined that to

increase the lipid diffusion by ;10% only 3 mol % LPC is

needed, a substantial change for a small alteration in compo-

sition. The effect of the addition of 0, 20, 40, 60, and 80 mol

% LPE into eggPC bilayers is shown in Fig. 3 (open tri-
angles). As compared with LPC the incorporation of LPE

has a smaller effect on lipid diffusion. The diffusion coeffi-

cient stays fairly constant with a slight downward (decreas-

ing) trend as LPE is added; the incorporation of 80 mol %

LPE reduces the lipid diffusion by;37%. The incorporation

TABLE 1 Diffusion results from bleaching the same

composition multiple times

Vesicle

preparation

Bleach

no.

D

(mm2/s)

Average D within

preparation

Weighted

average

First 1 2.070 2.19 6 0.12 2.5 6 0.1 mm2/s

2 2.176 (5.6% error) (4% error)

3 2.139

4 2.358

Second 1 2.374 2.67 6 0.33

2 2.607 (12% error)

3 2.564

4 3.155

Third 1 2.999 2.90 6 0.21

2 2.662 (7.3% error)

3 3.067

4 2.970

Fourth 1 2.957 2.80 6 0.13

2 2.640 (4.7% error)

3 2.834

4 2.752

Diffusion results from bleaching a single spot, four consecutive times, for

an eggPC bilayer with 0.5 mol %NBD-PC. Data from four different prepara-

tions are combined to obtain diffusion coefficients via a weighted average.

FIGURE 3 Normalized diffusion coefficients for varying concentrations

of LPC (h), LPE (n), and eggPE (s) lipids in eggPC. Diffusion coefficients

are normalized using the diffusion coefficient obtained for 100 mol % eggPC

bilayers. For clarity, the error bar on the 20 mol % LPE (60.03) has been

removed.
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of 0, 20, 40, 60, and 80 mol % eggPE is also shown in Fig. 3

(open circles). The inclusion of eggPE results in a decrease

in the diffusion coefficient. This decrease in diffusion is

initially linear and then it plateaus around 60 mol % eggPE.

Overall the diffusion decreases by ;85% when 80 mol %

eggPE has been added to the eggPC bilayer. The drop is most

significant from 0 to 40 mol % eggPE; in this regime the lipid

diffusion decreases by ;10% when there is a 7.5 mol %

change in eggPE composition.

Evidence for hydrogen-bonding between lipids

To assist in determining the factors that caused the observed

changes in diffusion we have examined the lipid mixtures

with ATR-FTIR; all three of the lipids added to eggPC con-

tain hydrogen-bond donating group. Hydrogen-bonding is

a strong intermolecular force and so the question arises as

to whether it affects lipid diffusion. The donating groups in

these lipids are as follows: eggPE, N�H; LPE, N�H and

O�H; LPC, O�H. We have recently shown that infrared

spectroscopy can be done on single fluid lipid bilayers

(FRAP can be done after spectra are acquired to confirm

fluidity) (33). As spectroscopy provides a direct method to

probe hydrogen-bonding, IR spectra were acquired of single

lipid bilayers on silicon ATR crystals, as previously described

(33); see Fig. 4 for an example. From an intermolecular

interactions perspective, the peaks of interest arise from the

following three functional groups: the carbon-hydrogen bonds,

the carbonyl group, and the phosphate group. The C�H

stretching region is sensitive to tail packing and the n(C¼O)

and nas(PO
�
2 ) are sensitive to their hydrogen-bonding en-

vironment; the effect that the incorporation of eggPE, LPC,

and LPE has on each group will be discussed in turn.

In all mixtures examined in this work no peak shifts were

observed in the C�H stretching region. The transition from

the gel-to-fluid phase, which causes a change in diffusion of

two orders of magnitude (35), leads to only a 5 cm�1 shift in

the position of the ns(CH2) and nas(CH2) bands (36). Given

the resolution of the spectra (4 cm�1) and that the diffusion

changes in these mixtures by less than an order of magnitude,

it is not surprising that no alterations with composition are

seen in the C�H stretching region.

In Fig. 5 the nas(PO
�
2 ) region is shown for eggPC bilayers

containing eggPE, LPE, and LPC. Unfortunately, the ns(PO
�
2 )

FIGURE 4 IR spectra of an eggPC lipid bilayer on a silicon ATR crystal.

Peaks of interest have been labeled. The dip centered at ;1645 cm�1 is due

to the water bending region.

FIGURE 5 The nas(PO
�
2 ) region from ATR-FTIR spectra of eggPC bi-

layers containing varying concentrations of (A) eggPE, (B) LPE, and (C) LPC.
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region (1085 cm�1) overlaps with the near total absorption

by the silicon crystal (;1100 cm�1) and consequently can-

not be observed. In Fig. 5 A it can be seen that the phosphate

peak shifts to lower wavenumbers (red-shifts) upon the

incorporation of eggPE lipids. Previous work has shown that

as the phosphate group in anhydrous PC becomes hydrated,

the nas(PO
�
2 ) shifts to lower wavenumbers (37–39). It is also

known that PE headgroups are less hydrated than PC head-

groups (40–42). Thus, one would predict that the inclusion of

eggPE lipids would shift nas(PO
�
2 ) to higher wavenumbers,

yet the opposite is observed. We suggest that the red shift

arises from the formation of intermolecular hydrogen-bonds

between the eggPE amine group and the phosphate group;

the amine absorption is in the same region as water and can-

not be observed. Spectra taken of dry PC and PE lipids also

showed a red shift of the PE phosphate relative to the PC

phosphate and this shift was ascribed to hydrogen-bonding

between the amine and the phosphate (43,44).

With the incorporation of LPE the phosphate again red-

shifts, Fig. 5 B. In this case, the shift is particularly dramatic

when 60 mol% LPE is incorporated; the lack of bulk in the

tail region may make it easier for LPE to form intermolecular

hydrogen-bonds than eggPE. LPE is the one lipid that con-

tains two donating groups. Part of the shift could be attri-

butable to hydrogen-bonding with the �OH group; this

group absorbs in the water region and consequently cannot

be seen. As with eggPE and LPE, the incorporation of LPC

also resulted in a red shift of the phosphate group, fig. 5C.

This suggests that the –OH group is able to interact with the

phosphate; as will be seen when examining the carbonyl

region, it appears that the lyso lipids have considerable flexi-

bility in their motion, therefore it is not unreasonable for

hydrogen-bonding to occur between the two groups.

The n(C¼O) region from eggPC bilayers containing

eggPE, LPE, and LPC is shown in Fig. 6. The slight asym-

metry of the n(C¼O) peak is due to it being located near the

strong absorption of water due to bending modes, d(H2O)

centered at ;1645 cm�1. In all spectra shown, the back-

ground spectra are of buffer. When a bilayer is formed, by

vesicle fusion, on the ATR element the lipids displace water;

consequently, there is an increase in all of the lipid associated

peaks (e.g., n(CH2), n(C¼O), etc.) and a decrease in the water

associated peaks (d(H2O) and n(H2O)). Thus, the side of the

n(C¼O) nearest to the water bending region (;1645 cm�1)

appears to dip lower. For fully hydrated diacyl PCs, a single

broad carbonyl peak centered around 1730 cm�1 is observed

(45). This broad carbonyl peak is composed of two separate

components: a ‘‘dehydrated’’ carbonyl (;1740 cm�1) and a

‘‘hydrated’’ carbonyl (;1727 cm�1)—corresponding to the

sn-1 and sn-2 carbonyl groups, respectively (46). As with the
phosphate group, the carbonyl group shifts to lower wave-

number (red shifts) with increasing hydration.

In Fig. 6 A the carbonyl region is shown for eggPC bi-

layers containing varying amounts of eggPE. The incorpo-

ration of eggPE into eggPC bilayers has no observable effect

on the carbonyl group—because eggPE headgroups are less

hydrated this is somewhat surprising. As with the phosphate,

it could be that the lower degree of hydration is balanced

by intermolecular hydrogen-bonding; sterically it would be

more difficult for the amine to hydrogen-bond with the car-

bonyl, as opposed to the phosphate, but not impossible. In-

terestingly, the incorporation of LPE or LPC into eggPC

bilayers also has little effect on the carbonyl region, Fig. 6, B
and C. The lyso lipids contain only a single carbonyl group,

the sn-1 carbonyl, which has been assigned as the ‘‘dehy-

drated’’ group; therefore the carbonyl peak would have been

expected to be blue-shifted upon incorporation of the lyso

lipids. The lack of change indicates either that the lyso lipids

FIGURE 6 The n(C¼O) region from ATR-FTIR spectra of eggPC bilayers

containing varying concentrations of (A) eggPE, (B) LPE, and (C) LPC.
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are more free to sample a variety of environments; i.e., their

up and down motion is more significant than the two tailed

lipids, or that hydrogen-bonding is occurring between the

carbonyl and the donating groups.

DISCUSSION

The results in Fig. 3 clearly show that both headgroup

chemistry and tail chemistry have a significant effect on lipid

diffusion. To examine the origin of the changes observed in

the figure, diffusion in two dimensions is considered. Dif-

fusion in three dimensions can be related to particle area, vis-

cosity, and temperature; in two dimensions, however, there is

no solution to the viscous-flow equations for an infinite

membrane, the Stokes paradox. Various groups have shown

that making a variety of different assumptions can circum-

vent the paradox. For lipid diffusion a free area model is

typically used,(47,48)

DT;expð�ao=afÞ; (4)

where ao is an estimate for the average cross-sectional area

and af is a measure for the average amount of free area per

molecule in the bilayer. With regards to using the free-area

model the problem of how to define the free-area immedi-

ately arises (25,49,50). This is particularly evident in consid-

ering the incorporation of LPC into eggPC; there, the change

in free-area likely varies significantly with depth. The other

main membrane model is Saffman-Delbrück (51); there the

outer liquid (bulk water) is given a finite viscosity,

D ¼ kBT

4phh
log

hh

h9a
� g

� �
; (5)

where h is the membrane viscosity, h9 the outer liquid vis-

cosity, h the membrane height, a the particle area, T the

temperature, and g Euler’s constant. The Saffman-Delbrück

model has more commonly been used for protein diffusion;

given the problems associated with the free area model we

have reexamined Saffman-Delbrück and will show that it

allows for significant insight into the factors that contribute

to the observed changes in diffusion.

In the Saffman-Delbrück model, diffusion has a weak

dependence on lipid area and a strong inverse dependence on

membrane viscosity and lipid height. Viscosity is a measure

of the strength of the intermolecular interactions; the inter-

actions that hold lipids together include van der Waals inter-

actions, hydrogen-bonding, and screened electrostatic. Both

van der Waals forces and hydrogen-bonding interactions

should be significant; in DPPC the average energy per CH2

group has been estimated to be 2.1 kJ/mol; multiplying by 16

gives 33.6 kJ/mol for a single lipid tail (52) whereas hydrogen-

bonds are estimated to be ;10–40 kJ/mol (52). Screened

electrostatic interactions are probably comparatively less

important, as all of the lipids are zwitterions. For each of the

lipids incorporated into eggPC we will consider the effect of

height, van der Waals interactions, and hydrogen-bonding.

Upon incorporation of eggPE into eggPC a significant

decrease in diffusion was observed and this decrease was

nonlinear in nature. In simulations, when PE is incorporated

into PC bilayers a small increase in bilayer thickness is

observed (53); the increase observed was ;15% from pure

PC to pure PE and was roughly linear with PE content. From

0 to 80 mol % eggPE we observe a decrease of;85% in the

diffusion coefficient. Change in height therefore accounts for

part of the decrease in diffusion; it does not, however,

explain the nonlinear nature of the drop. The headgroup area

of PE is smaller than that of PC, as a result the more PE that

is present, the closer the tails are, the greater the van der

Waals interactions, and the slower the diffusion. Regarding

the nonlinearity of the drop, it is noted that by several ex-

perimental and computation methods a very similar decrease

has been observed in the area per lipid as the amount of PE is

increased in PC membranes (54–58); Fig. 3 in de Vries et al.

(58) shows a comparison of these results. This strongly

suggests that van der Waals interactions play a significant

role in the observed changes in diffusion. Finally, infrared

spectroscopy showed that eggPE is forming hydrogen-bonds

with neighboring lipids, thus hydrogen-bonding also con-

tributes to the decrease in diffusion coefficient. Height, van

der Waals interactions, and hydrogen-bonding all contribute

to the decrease in diffusion observed when eggPE is incor-

porated into eggPC; as to the relative contributions, van der

Waals interactions contribute more than height. To assess the

extent of the hydrogen-bonding contribution requires more

information. Clearly, headgroup chemistry can have a large

effect on lipid diffusion.

When LPC was incorporated into eggPC a large linear

increase in the diffusion coefficient was observed. The tail

chemistry of the LPC used in these experiments was 16:0

whereas the primary saturated tails in eggPC are 16:0 and

18:0. Part of the increase in diffusion can therefore be attri-

buted to a decrease in the height of the bilayers; however, as

with the case of eggPE, the percent decrease is minor

compared with the percent increase in diffusion. In consid-

ering the van der Waals interactions, the removal of a lipid

tail would be expected to reduce the interactions, decrease

the viscosity, and increase the diffusion. In fact, calculations

show that the area per lipid tail increases as the fraction of

single tail lipid increases (G. Longo and I. Szleifer, personal

communication, 2006), which would give rise to faster

diffusion. The infrared spectroscopy measurements indicate

that LPC is forming hydrogen-bonds, however, the incorpo-

ration of LPC results in an increase in diffusion; thus, relative

to changes in height and van der Waals interactions the

hydrogen-bond interactions are weak. Because height is a

minor contribution, van der Waals interactions must be the

major contribution to the increase in diffusion. Like head-

group chemistry, tail chemistry can have a large effect on

lipid diffusion. These results allow us to return to the ques-

tion of how much hydrogen-bonding affects lipid diffusion

when eggPE is incorporated. From height and van der Waals
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interactions alone large changes in diffusion can be

observed; therefore it seems likely that hydrogen-bonding

is a relatively minor contribution.

Lastly, the incorporation of LPE into eggPC is addressed;

in this case a small decrease in diffusion was observed. Be-

cause the tail in LPE was the same length as the most abun-

dant saturated tail in eggPC, we speculate that like eggPE,

LPE increases the height of the bilayer, but only slightly.

Although LPE contains the PE headgroup, which should

increase the packing and therefore the van der Waals inter-

actions, it is also missing a tail, which should decrease the

van der Waals interactions. That a slight decrease in diffu-

sion is observed indicates that the smaller headgroup is

slightly more important than the removal of a tail. However,

the decrease that is observed could also be attributed to the

hydrogen-bonding, indicated by the infrared results, or to an

increase in height. These results show that simultaneous

changes to headgroup and tail chemistry can cancel out each

other’s effect on lipid diffusion.

Cells adjust their lipid composition for a variety of rea-

sons, e.g., as part of cell signaling cycles, in response to

external stimuli, etc. In most cases quantitative information

about the changes that occur in lipid chemistry is lacking.

Knowledge of these changes would be very beneficial; for

instance, if the changes that occur as part of cell signaling

cycles were known, it would help in understanding how all

of the components work together. In the absence of this kind

of information it is interesting to look at some of the common

components and ask how they change membrane properties.

Relating the compositions studied here to biological function

we make two observations: 1) To change the diffusion by the

greatest amount while making the smallest compositional

change, create LPC. LPC can be made by PLA2; if a cell

needs to change fluidity with a minimum of energy expen-

diture activating PLA2 may be a favorable pathway. 2) In red

cells from normal subjects the ratio of PC/PE is;1:1 (59). In

this region diffusion is still sensitive to changes in compo-

sition; small alterations in composition could be used to

changemembrane fluidity to the extent that perhaps a pathway

is activated.

SUMMARY AND CONCLUSIONS

The influence of lipid chemistry on membrane fluidity has

been examined. It was observed that the addition of LPC and

eggPE into eggPC bilayers had a significant effect, an in-

crease and decrease, respectively, whereas the addition of

LPE to eggPC bilayers had a relatively small effect, a slight

decrease. The observed changes could be understood by exa-

mining the alteration in height, van der Waals interactions,

and hydrogen-bonding. For all three incorporated lipids

height was a significant but minor contribution as com-

pared with the van der Waals interactions. The extent of the

hydrogen-bond contribution was more difficult to ascertain;

in the case of the incorporation of LPC it was minor compared

to the other interactions. The large effect these other inter-

actions had, in the case of LPC, suggests that the hydrogen-

bond contribution is also relatively minor when LPE or

eggPE are incorporated.
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